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ABSTRACT

Previous research surrounding water mites has primarily focused on understanding
taxonomy, distribution, and life history. For these purposes, qualitative sampling methods
have been sufficient. However, there has been increasing interest among acarologists
and aquatic entomologists in the ability of water mites to serve as bioindicators of water
quality conditions. Therefore, scientists have acknowledged the need for a standardized,
quantitative sampling scheme. Such a method is described herein as we provide a detailed
description of how to collect water mites from lotic, riffle-run environments. In addition,
we provide observations to how this method compares to regularly applied benthic
macroinvertebrate collection methods in terms of physical demand and time commitment.
To demonstrate its efficiency, this method was applied to 23 sites in central Pennsylvania,
United States, where it successfully collected more than 8,000 individual water mites.

Keywords water mites; quantitative sampling; water quality; bioindicator

Introduction
Approximately 85% of all known freshwater species (~126,000) are invertebrates, with the
majority comprised of insects (60%), crustaceans (10%), and arachnids (5%), (Balian et al.
2008). While arachnids are not commonly associated with aquatic systems, some of the
more well-recognized arachnids, such as spiders, live at the transitional edge between water
and land, with some species even capable of submerging for short periods of time (Voshell
2002). However, the only true aquatic group of arachnids are water mites (Trombidiformes:
Parasitengona: Hydrachnidia) (Voshell 2002; Smith et al. 2010). Despite comprising only a
small percent of the global freshwater biodiversity, water mites are among the most diverse and
abundant groups of benthic macroinvertebrates in the world.

While nearly 7,500 species, representing more than 300 genera, 59 families and 8 super-
families, have been described, acarologists conservatively estimate that another 4,000 species
have yet to be discovered (Smit 2020). Water mites can be found in nearly every known lentic
or lotic freshwater environment, as well as most saltwater environments (Smith et al. 2010;
Fisher 2016). In lotic systems, water mites are commonly found in fast-flowing, riffle-run
stream habitats, where one square meter of substrate can contain as many as 5,000 individual
mites representing more than 50 species, 30 genera, and all 8 superfamilies (Smith et al. 2010).
In lentic systems, as many as 2,000 individual water mites representing 75 species and more
than 30 genera have been collected from a single square meter of substrate in littoral weed beds
(Smith et al. 2010). In addition, water mites have a close connection with benthic macroin-
vertebrate communities as their parasitic larvae are reliant on various aquatic invertebrates as
hosts while deutonymphs and adults fill a predatory role (Di Sabatino et al. 2000; Smith et al.
2010).
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Given their diversity and abundance across aquatic environments, previous literature has
primarily emphasized improving our understanding of water mite taxonomy, distribution, and
life history. However, several studies have examined whether water mites might be used as
bioindicators of water quality conditions (e.g., Gerecke and Schwoerbel 1992; Growns 2001;
Lombardo et al. 2013; Goldschmidt et al. 2016). Despite their relative diversity, abundance,
and connection with benthic macroinvertebrate communities, water mites are widely neglected
in freshwater biomonitoring strategies (Goldschmidt 2016). In fact, in most bioassessment
protocols water mites are either ignored completely or identified collectively as “Hydracarina”
or “Hydrachnidia,” an artificial grouping of several water mite superfamilies (Goldschmidt
2016). Two exceptions include the Canadian CABIN protocols (Environment and Climate
Change Canada 2020) and Australian River Assessment System (Australian Government 1994),
which require the identification of water mites to at least family level (Goldschmidt 2016).

Until now, most studies have relied on qualitative samplingmethods, such as those described
by Smith et al. (2010), as the primary means for collecting water mites for taxonomic and
life history purposes (e.g., Di Sabatino et al. 2004; Matsumoto et al. 2005; Radwell et al.
2011; Fisher et al. 2015). However, to further examine water mites and their potential role as
bioindicators, future studies need to be able to compare water mite abundance and diversity
across numerous samples collected from both impacted and unimpacted aquatic environments.
Therefore, acaralogists have acknowledged the need for a standardized, quantitative sampling
method (Smith et al. 2010). We propose such a standardized sampling protocol herein.

Methods
The collection protocol given here is modified from the water mite collecting methods
proposed by Smith et al (2010) and incorporates standardizations included in the Wadable
Freestone Riffle-Run Stream Macroinvertebrate Assessment Method used by the Pennsylvania
Department of Environmental Protection (Chalfant 2018).

To determine that the rinsing method proposed below successfully removed the majority of
water mites from a final composited sample, we retained the contents from rinsed composited
samples for three study sites. These samples underwent the entire rinse and seine process de-
scribed below, however, instead of discarding the final composited sample contents afterwards,
we retained them to determine if any water mites remained in the sample. These samples were
taken to the lab and picked with the same method described a below. Hereafter, these samples
are referred to as “unfiltered” samples.

All water mite collections were made under Pennsylvania Fish and Boat Commission Type
I Scientific Collector Permit Number 2021-01-0017.

Collection protocol. Water mite collection begins by delineating a 100-meter reach along
the stream of interest from which collections will take place. The proposed protocol targets
riffle habitats (Figure 1), so the 100-meter reach should contain enough riffles to be sampled.
If enough riffles are not present, another method may need to be employed. Within the selected
reach, the collector will sample four separate one square meter areas of riffle-run habitat. All
four individual samples are combined to create a final composited sample for each stream
reach that is assessed. If possible, the collector should attempt to distribute these samples
across a variety of riffle habitats (e.g., fast-flowing, shallow riffles and slow-flowing, deeper
riffles) as well as across the stream channel (e.g., left, middle, and right areas of the stream).
This is done to ensure the final, composited sample provides an accurate representation of the
riffle-run water mite community throughout the stream reach. Samples should be collected in
a downstream to upstream direction to prevent the downstream drift of dislodged water mites,
silt, and detritus from upstream to downstream sites.

The proposed method for collecting water mites is a two-person process but can be
accomplished by one person if needed. One individual will place and hold a 12-inch-wide
(31 cm) × 10-inch-high (25 cm) non-truncated D-frame net with 250 μm mesh flat against the
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Figure 1 Examples of impaired and attaining riffle-run stream habitats in central Pennsylvania. a – Warriors Mark Run, impaired stream; b –
Muddy Run, impaired stream; c – Spruce Run, attaining stream; d – Laurel Run, attaining stream.

stream bottom (Figure 2). The net should not be placed in riffles where the water depth exceeds
the net height (25cm). This net was custom made as D-frame nets with 250 μm mesh are not
commercially available. To create this net, we purchased a truncated, D-frame net with 500
μm mesh (Figure 2), removed the mesh netting, and replaced the mesh with a hand sewn, non-
truncated pattern created from 250 μm fabric. If large rocks are in the square meter immediately
upstream of the net, these can be moved to allow access to the finer substrate beneath. These
rocks and others from nearby can be placed at either side of the net to help focus the flow of
water through the net (Figure 3). The second collector will then use a spade shovel to disturb a
one square meter area immediately upstream of the net for three minutes (Figures 3, 4), which
the net-holder keeps time of with a stopwatch. Collectors should be cognizant to not disturb the
substrate upstream of the net until the collector is ready to begin the sample collection. Since
the area of disturbance is larger than the sampling net being used, it is highly likely that some
water mites will drift past the net and not be collected. However, the goal of this protocol is
to collect a representative sample of the riffle-run water mite community, not every water mite
dislodged by shoveling, so missing mites is acceptable. Indeed, is it widely acknowledged that
benthic macroinvertebrate collection methods do not capture every single specimen dislodged
during sampling, which is why current protocols include guidelines for reducing the number of
specimens missed (e.g., not completely submerging the D-net so specimens flow over as well
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Figure 2 Collection nets discussed in this manuscript. a – a standard, commercially available, truncated D-frame net with 500 μm mesh; b –
our custom made, non-truncated D-frame net with 250 μm mesh.

as around it). If just one person is collecting, the net can be held upright in place by piling rocks
around it, although this can be difficult or impossible in fast-flowing streams.

After the three minute shoveling period ends, the contents collected in the net are placed
into a single plastic sample container. After the second, third, and fourth collections are made,
they are also placed into the same sample container as the first to make a single, composited
sample. It is recommended that the collectors place this container within a large bucket (we
used a five-gallon bucket; a 20 liter or other large plastic bucket should work as well) as they
traverse the stream from the downstream sites to the upstream sites. The bucket allows easier
transportation of the sample container and helps catch any contents that fall out of the net and
but into the sample container (Figure 5). Any spilled contents can then be scooped by hand or
using a spoon back into the sample container. An ideal sample container is four-sided with a
screw on lid (e.g., reused plastic cat treat or mixed nut containers). Depending on the amount
of fine sediment within the stream, it is recommended that sample containers be no less than
1.5 liters and/or that two collection containers be used. After the collection is finished, the final
composited sample is now ready to be sieved.

Sieve protocol. The contents of the final composited sample often contain a mix of various
size substrate (e.g., silt, sand, gravel, and cobble) and organic matter (e.g., leaves, sticks, or
algae). The purpose of the sieving process is to concentrate the water mites into a smaller
sample by removing materials ≥3mm from the sample. This makes it easier to pick the water
mites from the final, condensed sample in the lab. The sieve process proposed here requires
two sieves, a 3mm mesh sieve and a 250-micron mesh sieve. It is important that both sieves
are the same dimensions so they can be stacked on top of one another. The sieves used in his
study were 9 cm (3½ inches) high with a 31 cm (12-inch) diameter.
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Figure 3 What a single collection site should look like after the proposed three-minute collection effort. The blue arrows indicate stacked
rocks that were stacked upstream of the net to better direct flow into the net. Large rocks were moved before digging into the substrate, while
medium-sized and smaller rocks were placed as the substrate was dug up.

It is easiest to complete the sieve process at the sample site along a stream bank, gravel
bar, or other nearby flat area (Figure 6). To begin the sieve process, stack the 3mm sieve on
top of the 250-micron sieve. Then, take the composited sample container and fill the container
approximately three-quarters of the way full with water. This can be done by carefully placing
the container into the stream to allow water to enter the mouth of the container. Caution should
be taken not to allow the container to overflow as this could remove water mites from the
sample. Alternatively, one can collect stream water using another empty container and pour
the water directly into the composited sample container. Since stream water is to be utilized to
rinse the sample, it is recommended that the sieve process be completed at the upstream end
of the sample reach to avoid collecting water that could harbor drifting water mites that were
dislodged during the previous shoveling collection efforts. Preliminary data not presented here
suggests that a negligible number of water mites are collected from undisturbed, flowing water
so using unfiltered stream water should not affect the collections.

With the composited sample container filled three-quarters of the way with water, secure
the lid back onto the container. Next, vigorously shake the container for approximately 5–10
seconds. This dislodges the water mites from the substrate and temporarily suspends them in
the water column. Remove the lid and dump the water into the two stacked sieves. Repeat this
rinsing process ten times. While some sediment or organic matter may fall out of the container
into the sieves during each pour, care should be taken to minimize the amount falling into
the sieves. If larger stones, leaves, or sticks in the composited sample container prevent the
contents in the container from being thoroughly shaken, one can manually remove and place
them into the 3mm sieve. If multiple sample containers were used due to large amounts of
sediment in the net, then this process should be applied to each container individually. Once
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Figure 4 An example of the collection process proposed in this manuscript. a – the collector stands upstream of the net and disturbs the
substrate; b – a typical collection setup that includes one person shoveling and another holding the net; c – water mites become suspended in
the water column and flow downstream into the net. 

the sample container has been shaken and poured ten times, the remaining substrate can be
returned to the stream. Fill the empty container with stream water and pour the water over the
3mm sieve to provide a final rinse of the larger materials in the sieve. Repeat this final rinse
two or three times as needed.

Remove the 3mm sieve from the 250 μm sieve. The contents in the 3mm sieve can be
returned to the stream. Collectors should observe that the 250 μm sieve has only accumulated
fine sediment (<3 mm) (Figure 7). Using a spoon, carefully scoop and transfer the sediment
from the sieve into a clean, empty sample container. If needed, one can gently pour water into
the sieve to push all the sediment towards one end of the sieve, making it easier to scoop. After
most of the sediment has been transferred from the sieve, you can fill a clean container with
water, tip the 250 μm sieve vertically, and gently pour water against the back/underside to wash
the remainder of the sediment into the final collection container. Be sure not to overfill the
collection container while washing this remaining sediment. If there is still a lot of air space in
the collection container after the 250 μm sieve has been rinsed, top off the container with water.
After all of the contents have been transferred from the sieve to the sample container (Figure
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Figure 5 An example of the collector emptying the net contents from the first of four site collections into sample container; the next three site
collections will also be added to the sample container to create the final composite sample. a – the collector empties the contents of the net into
the sample jar over a bucket in case any contents fall out or miss the jar; b – spilt contents can be placed back into the sample jar prior to the
sieving process.  

8), label the inside and outside of the container with the date, time, location, and identity of the
collectors using a graphite pencil or water-proof pen on cardstock, waterproof paper, or other
sturdy material (standard printer paper dissolves into pulp when submerged in water for any
period of time and labels on such paper may be destroyed). If multiple samples are collected in
the same day, it is recommended that the samples be placed in a cooler with or without ice to
prevent the sample from overheating or freezing, depending on the conditions and time of year.

Picking and preservation protocol. Upon completion of the field sampling, the water
mite samples will need to be returned to the lab and should be prepped for picking on the
same day they are collected. In the lab, prepare a single, white sorting tray (photography
development trays with rounded corners are ideal) for each final composited sample. It is
highly recommended that all sorting trays be white as this makes it easier for the collector to
observe the water mites swimming in the sorting tray. Clear and dark colored sorting trays
should be avoided. In addition, there are no specific size requirements for the sorting trays,
however, the trays need to be large enough to hold all the sediment from the sample while it
is completely submerged in water. For this study, the dimensions of the sorting trays were 17
inches long (43 cm) x 14 inches wide (36 cm) x 2 inches high (5 cm). The sediment from the
sample should be spread out across the tray in a manner that a one-to-two-inch perimeter of the
tray is left free of sediment as the water mites tend to accumulate along the edges and in the
corners of the sorting tray.

To begin the picking process, remove a sample container from the cooler and pour the
contents into a sorting tray (Figure 9). It is important that all the contents from the container are
transferred to the sorting tray. If needed, a spoon may be used to help remove all the sediment
from the sample container. Using deionized water, the sample container can also be rinsed with
water and poured into the sorting tray to ensure all contents are removed from the container.
Once the contents are in the sorting tray, additional deionized water may need to be added to
completely submerge all of the sediment. Repeat this process for each of the collected samples.

Once all the samples have been transferred into sorting trays, allow the trays to settle for
approximately 20–30 minutes. This provides time for any suspended silt to settle and the
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Figure 6 The sieving process proposed in this manuscript. a – collector fills the composited sample container with water and shakes the
container for approximately 10 seconds; b – immediately after shaking the collector removes the lid and pours the water through the 3mm and
250 μm sieves; c and d – the 3mm will be placed on top of the 250 μm sieve so it can filter out larger sized substrate and debris. This process
is repeated 10x.

water mites to emerge from the sediment and begin swimming around the sorting tray. If
the collectors notice there is an excessive amount of fine silt suspended in the water that is
impeding the ability to observe water mites, then the contents of the sample may need to be
returned to a 250 μm sieve and gently rinsed under a sink. After rinsing, the sample contents
should be returned and submerged back in the sorting tray. If this process needs to be repeated
for multiple samples, either use a separate 250-micron sieve for each sample or ensure the sieve
is thoroughly washed and cleaned in between samples to prevent cross-contamination between
samples.

After the 20–30 minute settling period has ended, the collector will use a 10mL pipette to
collect water mites from the sorting tray. All water mites should be transferred into a 4-dram
glass vial with each sorting tray having its own respective vial. This process will continue for a
six-hour period. The collector should check the sorting trays at regular 15–20 minute intervals
for the first two hours of the picking process. Afterwards, the collector may extend this interval
to 45–60 minutes for the final four hours if water mite abundance has decreased. In this study,
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Figure 7 After sieving, the collector removes the contents from the 250 μm sieve and places them into the final sample jar. a – fine sediment
and water mites accumulate in the 250 μm sieve; b – using a plastic spoon or similar tool, the collector can scrape the sediment to one side of
the sieve; c – the contents of the sieve are removed and placed in the sample container; d – once the contents from the sieve have been removed,
the collector can tilt the sieve vertically above the sample container and using a separate, clean container filled with stream water, the collector
can slowly pour the water through the back of the sieve to rinse any remaining sediment and water mites into the final sample container.

researchers observed that the majority of a sample’s water mites were collected within the first
two to three hours of picking.

At the end of the six-hour picking period, water should be removed from the 4-dram vial
using the pipette so that the vial is only ¼ of the way full or less. Care should be taken not to
remove any water mites from the vial when removing the water. Place a label inside the vial
that includes the date and time of collection, location, identity of the collectors, and collection
code to link the vial to a more thorough collection data sheet (if such a sheet was kept). It is
recommended that waterproof paper and ethanol-resistant ink or a graphite pencil be used to
create the label. Fill the remainder of the vial with 80% ethanol (Figure 10) or GAW (also
referred to as Koenike’s solution; 50% glycerol, 10% glacial acetic acid, and 40% water).

The choice of preservative depends on the goals of the project. If DNA extraction is
desired, ethanol is required. However, ethanol can make mites brittle and prone to leg and
other appendage breakage; it also tends to make fine silt and other detritus stick to preserved
mites. If mites are to be slide mounted without DNA extraction, they can be stored in GAW,
which gently clears the mites and keeps them supple but destroys DNA (see Fisher et al 2015
for additional discussion about ethanol and GAW).
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Figure 8 The final composite, sieved water mite sample ready for the picking process.

Once all of the vials have been labelled and preserved, the contents of the sorting trays can
be discarded and the trays cleaned and dried. The vials now represent a sample of the water
mite community from the targeted stream reach and are ready for identification.

Identification protocol. To begin identification, water mites are removed from the sample
vial with a pipette and placed into a small, glass petri dish filled with 80% ethanol or GAW.
A pipette is preferred rather than dumping the vial to ensure water mites are not accidentally
left sticking to the sides of the vial. At no point should the water mites be exposed to air
long enough to dry as this can cause the mites to become brittle and shriveled, rendering them
unidentifiable.

Once the contents of the vial are removed, the petri dish can be placed under a microscope
for identification and enumeration. During the previous picking process, it is possible that
small amounts of fine organic matter or substrate was collected with the water mites. If large
quantities of organic matter or substrate are present, the identifier may need to remove the water
mites from the material before identification. This can be done by using a pair of fine-tipped
forceps and the water mites can be placed into a clean petri dish.

Water mites can typically be identified to the family or genus level at magnifications ≤
40 (Figure 11). However, smaller-sized taxa or specimens needing to be identified to species
may need to be slide mounted and placed under higher magnification. A number of keys for
identifying water mites to family and genus are available, including Smith et al. (2010) and
Smit (2020). Once identification is complete, the individual taxa identified in the sample are
returned to a labelled sample vial with 80% ethanol or GAW. Labels should now include the
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Figure 9 The picking process proposed in thismanuscript. a – the picker empties the contents of the sample container into thewhite photographic
tray; b – a pipette is used to collect water mites swimming in the tray; c – once a water mite is collected in the pipette it can be transferred to a
4-dram glass vial.

date and time of collection, location, identity of the collectors, collection code, and the specific
taxa (e.g., family, genus, species) present within the vial.

Results
In August 2021, the proposed collection method was utilized to collect 23 water mite samples
from 12 agriculturally impaired (polluted) and 11 attaining (unpolluted) high-quality, coldwater
streams (PADEP 2022) in central Pennsylvania, U.S.A. (Table 1). The described field protocol
(i.e., collection and sieving but not picking mites) took approximately 45 to 60 minutes per
site. In total, a combined 8,447 water mites were collected representing 16 genera and 10
families. Of the total water mites collected, less than 1% (n=73) have not yet been identified as
they need to be slide mounted. Individual site abundance ranged from 0 to 2,473 water mites.
All specimens have been or will be accessioned in the Frost Entomological Museum at the
Pennsylvania State University in State College, PA, U.SA. for further bioindicator analyses and
future taxonomic studies.

Two of the three unfiltered samples contained zero mites, while one unfiltered sample
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Figure 10 A final, picked water mite sample preserved in 80% ethanol ready for identification and
enumeration.

contained two mites (1.8% of the mites collected from the seined contents of the same sample).
While this indicates that some water mites may remain in the composited sample after 10x
rinses, it is a small amount that should be considered insignificant in comparison to the amount
of water mites collected from the seined samples.

Discussion
Using the method proposed here, we successively collected water mites from riffle-run habitats.
Future papers will explore whether the mites collected are accurate bioindicators that can be
used to measure water quality. Modifications may be necessary for quantitative sampling in
other habitats such as deeper, slower-flowing areas like pools and backwater habitats, larger
habitats such as river, and of course lentic habitats like lakes and ponds.

Because the goal of our method is to determine stream quality using mites found in riffle-run
habitats, the proposed method does not collect all water mite diversity. For example, Growns
(2001) found that, in unpolluted streams, edge habitat samples harbored a greater diversity of
water mites than riffle habitat samples. In addition, species overlap between edge and riffle
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Figure 11 An example of how water mites appear under a stereoscope. a – water mites of mixed taxa in a single sample ready to be sorted
through and identified; b – water mites belonging to the genus Testudacarus and their easily observable characteristic dorsal plates; c – water
mites belonging to the genus Kongsbergia and their easily distinguishable posterior body shape.

habitats was minimal. By not including multiple habitats in our collection method, it is likely
our samples failed to include “edge” preferring water mite taxa, which limits our interpretations
of the entire water mite community.

However, the majority of the world’s recognized benthic macroinvertebrate bioassessment
protocols utilize the “single, most productive habitat” approach (Barbour et al. 1999). In other
words, samples are collected from habitats that harbor the greatest number of pollution sensitive
species, including mayflies, stoneflies, and caddisflies. In most cases, riffle-run habitats are
generally recognized as the most productive habitat due to their lotic-erosional state and high
dissolved oxygen concentrations. Pennsylvania streams are primarily dominated by cobble
substrate and riffle-run habitats and therefore utilize this “single, most productive habitat”
biomonitoring approach (Chalfant 2018). However, edge habitats have been shown to harbor
a greater diversity of water mites compared to riffles elsewhere in the world (Growns 2001).
Future studies should examine whether this is generally applicable worldwide by comparing
riffle and edge habitats across a range of stream orders (e.g., headwater streams vs large rivers).

One reason water mites are often excluded from biomonitoring strategies is the conception
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that water mites are too difficult to sample and identify (Goldschmidt 2016). While the method
proposed here uses some equipment that is different from sampling benthic macroinvertebrates
(e.g., a 250 μm mesh D-net), the additional equipment is not cost prohibitive (although
constructing a custom D-net will require some extra labor as there are currently no commercial
options available). The described field protocol takes a similar amount of time (approximately
45-60 minutes per sample site) compared to standard methods used to collect a wadeable,
riffle-run benthic macroinvertebrate sample (Chalfant 2018) and is no more physically rigorous,
so collecting water mites using this protocol is comparable to methods already used to estimate
water quality. This is important as water mite sampling methods that take more time or effort
compared to current benthic macroinvertebrate sampling methods are not likely to be adopted
when more efficient methods are available.

More than 99% of the specimens were identified to genus using a stereomicroscope that
is appropriate for identifying other benthic macroinvertebrates and without slide mounting, so
the relatively small size (compared to most benthic macroinvertebrates) should not be an issue
for those equipped to identify benthic macroinvertebrates. That said, most keys to water mites
rely on characters that are best seen on slide-mounted specimens and there is therefore a need
for field guide-style resources for identifying water mites using a stereomicroscope.

While we have demonstrated that the method proposed here successfully collects water
mites and has the benefit that it is comparable in effort to benthic macroinvertebrate collection
methods currently in use, there are other water mite collection protocols that have been proposed
(e.g., Growns et al. 1997; Gerecke 2002; Smith et al. 2010). Future studies could compare the
method proposed here to those proposed previously.

Table 1 Summary of the 2021 sample site and water mite abundance. Each line represents a different sampling site (e.g., there are three separate
sampling sites on Halfmoon Creek).

 

Stream Name County Status Abundance Unfiltered 

Abundance

Gregory Run Huntingdon Impaired 0

UNT Rapid Run Union Impaired 6

Halfmoon Creek Centre Impaired 48

Herod Run Huntingdon Impaired 52

Halfmoon Creek Huntingdon Impaired 64

Halfmoon Creek Centre Impaired 111

Warriors Mark Run Huntingdon Impaired 132

Muddy Run Union Impaired 160

Warriors Mark Run Huntingdon Impaired 243 0

Warriors Mark Run Huntingdon Impaired 540

UNT North Branch Little Aughwick Creek Huntingdon Impaired 1688

North Branch Little Aughwick Creek Huntingdon Impaired 2473

Monument Run Clinton Attaining 58

Spruce Run Union Attaining 68

Rapid Run Union Attaining 75

Standing Stone Creek Huntingdon Attaining 111 2

Globe Run Huntingdon Attaining 115 0

Globe Run Huntingdon Attaining 173

Shavers Creek Huntingdon Attaining 285

Standing Stone Creek Huntingdon Attaining 324

Shavers Creek Huntingdon Attaining 363

Standing Stone Creek Huntingdon Attaining 553

Laurel Run Huntingdon Attaining 805
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Conclusions
This method has proven effective in its ability to collect water mites from lotic, riffle-run
environments. However, we acknowledge this method has its limitations. We encourage future
studies to address these limitations and continue to refine this method. For example, future
studies may address whether the proposed number of collection or rinse efforts is sufficient,
or if more or less provide similar or improved results. We look forward to the continued
advancement of this field of study.
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